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I
n response to limiting nutrient availability, the ubiquitous Gram-negative soil bacterium Myxococcus xanthus undergoes a well-characterized developmental program resulting in the differentiation of vegetatively growing cells into one of three cellular fates (1, 2) . These cells aggregate to form a macroscopic, multicellular, and rounded fruiting body containing metabolically inactive, stress-resistant myxospores (3, 4) . Surrounding the fruiting bodies are peripheral, rod-shaped cells hypothesized to be important in environmental sensing. Lastly, a subpopulation of cells may undergo autolysis, a process suggested to provide nutrients for the other two viable cell fates during differentiation (5, 6) .
Expanding our understanding of the complex regulatory networks controlling development has been a major aim since the very first studies of M. xanthus. While much progress has been made, much remains unknown, especially those transcriptional changes occurring within the very early stages of nutrient limitation, when the community must make a decision to flip an energyintensive switch, initiating development. To better understand how and why this occurs, as well as how M. xanthus senses nutrient concentrations within the environment, we propose the use of continuous-flow-cell bioreactors, or flow cells, to culture vegetative biofilms.
Growth in an environment that allows for the finite control of inputs and the monitoring of bacterial outputs, such as secondary metabolites and extracellular signals (both small molecules and proteins), is key to understanding how M. xanthus senses its surroundings and integrates cues to control growth and development. Due to the tendency of M. xanthus to flocculate and stick to surfaces, the use of a chemostat is not practical. However, growing M. xanthus as a biofilm adhering to a solid surface under continuous-medium-flow conditions allows for stricter control of constant environmental parameters. Biofilms have been studied extensively in numerous bacterial systems, including Pseudomonas aeruginosa, Bacillus subtilis, and Staphylococcus aureus, among others (7) (8) (9) (10) (11) (12) . While biofilms of M. xanthus are less well studied, recent work has begun to expand our knowledge of biofilm formation and how it relates to nutrient sensing and development (13) (14) (15) .
In the work presented here, we demonstrate for the first time the use of flow cells as a method for controlling the growth and development of M. xanthus. Our aim is to establish the study of M. xanthus within flow cells as an attractive alternative to currently favored growth environments. To do so, we present data that illustrate the versatility of this growth method for many standard assays used in the study of M. xanthus. Specifically, we performed time-lapse confocal laser scanning microscopy (CLSM) in conjunction with green fluorescent protein (GFP)-tagged markers to visualize biofilm growth and fruiting body development. Similarly, we employed fluorescence cell staining to visualize the deposition of exopolysaccharide by M. xanthus biofilms. Lastly, we carried out a nutrient titration to identify at what concentration the developmental program is triggered, ultimately leading the established biofilm to fruiting body formation.
MATERIALS AND METHODS
Strains and growth conditions. M. xanthus strain DK1622 was used as the wild-type and parental strain for all subsequent strains (16) . DK10547 and DK11239, harboring a gfp transcriptional fusion cloned under the control of the pilA promoter and a gfp transcriptional fusion cloned at the end of the devR open reading frame, respectively, were used for the fluorescence microscopy studies as indicated (17, 18) . Strain DK4521, harboring a Tn5lac fusion expressed in development but without any identified phenotype, was used in the mixing experiment as a nonfluorescent kanamycin-resistant strain (19 Preparative single-chamber flow cells were designed in order to obtain sufficient biomass to perform a variety of qualitative and quantitative assays, such as protein and RNA analyses (data not shown). The dimensions of these preparative cells were 60 by 23 by 10.5 cm in order to fit one or two 24-by 60-mm Rinzel plastic microscope coverslips. The internal volume of each sealed single-chamber flow cell was approximately 7.5 ml. Design files were generated using the computer-aided design program AutoCAD (Autodesk Inc., San Rafael, CA) and are available at http: //microbiology.ucdavis.edu/singer/ for immediate download and printing on compatible three-dimensional printers. The flow cells were printed on an Objet Eden260V three-dimensional printer using VeroBlackPlus resin, a proprietary acrylic-based polymer (Objet Ltd., Minneapolis, MN; UC Davis Prototype Lab, Biomedical Engineering). For a diagram of a single-coverslip flow cell, see Fig. S2 in the supplemental material.
The single-chamber continuous-flow-cell system consisted of a growth medium reservoir, peristaltic pump, single-chamber flow cell, and waste reservoir connected by Tygon tubing. Flow cells were sealed with Rinzel plastic microscope coverslips by use of Devcon home silicone adhesive and were sterilized by exposure to chlorine gas for at least 3 h. Briefly, the assembled flow cells were placed into a vacuum chamber with a beaker containing 100 ml 6.0% sodium hypochlorite (NaClO), to which 3 ml concentrated HCl was added. The chamber was immediately sealed and exposed for 3 h. The chamber was vented for 1 h in a fume hood, and the sterilized flow cells were stored in sterile plastic petri plates until they were attached to the sterilized input and effluent tubing. The system, excluding the peristaltic pump and single-chamber flow cell, was autoclaved prior to experimentation. For a diagram of the flow cell setup with exact tube sizing, see Fig. S1B in the supplemental material.
Biofilm growth for developmental assays and observation. Starter cultures were grown with a large inoculating loopful of the indicated M. xanthus strain taken from a fresh 1% CTTYE plate with appropriate antibiotic and inoculated into 25 ml 1% CTTYE broth plus appropriate antibiotic in a 250-ml flask. The culture flask was shaken overnight at 32°C and grown to a Klett measurement of approximately 80 to 100. The culture was pelleted and washed with MC7 buffer (10 cells were inoculated into the flow cell chambers in a volume of 0.25 ml, using a 1-ml syringe with a 25-gauge by 5/8-in. hypodermic needle. A continuous flow of 1% CTTYE medium plus appropriate antibiotic was turned on, at a rate of 2 ml/h, after inoculated cells were allowed to statically adhere to the coverslips for 2 h. Dense microbial mats were allowed to form for 4 to 5 days. The M. xanthus developmental program was initiated by rapid buffer exchange with the nutrient-deficient buffer MC7 plus appropriate antibiotic. Images of the developmental program were taken at the indicated time points via CLSM as described below.
Nutrient titration of established biofilms. Starter cultures were grown with a large loopful of either M. xanthus wild-type DK1622 or DK11239 taken from a fresh 1% CTTYE plate and inoculated into 25 ml 1% CTTYE in a 250-ml flask. The culture flask was shaken overnight at 32°C and grown to a Klett measurement of approximately 80 to 100. The culture was pelleted and washed with MC7 buffer, and approximately 10 7 cells were inoculated into the flow cell chambers in a volume of 0.75 ml, using a 1-ml syringe with a 25-gauge by 5/8-in. hypodermic needle. Continuous 1% CTM medium flow was turned on, at a rate of 3 ml/h, after inoculated cells were allowed to statically adhere to the coverslips for 2 h. Dense microbial mats were allowed to form for 2 or 3 days. The titration was initiated by a rapid exchange to CTM with the indicated Casitone concentration. Continuous medium flow was carried out for 4 days postnutritional shift, at 3 ml/h. Cultures were imaged with both a Leica DMI 6000 wide-field inverted fluorescence microscope with a PlanApo 100ϫ (total magnification) objective and a Nikon SMZ800 microscope with a total magnification of ϫ30.
Biofilm and fruiting body staining. Biofilms were stained under continuous flow for 1 h and then washed with 10 mM MgSO 4 for 30 min. Cells were then stained with 5 M Syto60 (Molecular Probes, Eugene, OR) suspended in 10 mM MgSO 4 . Extracellular polysaccharide (EPS) was stained with 0.05% (by weight) Solophenyl flavine (SPF; Huntsman Int. LLC, High Point, NC) suspended in 10 mM MgSO 4 and filtered using a 0.2-m sterilization filter (Pall Life Sciences, Port Washington, NY). Images were taken via CLSM as described below.
Development strain mixing assay. Starter cultures were grown with a large loopful of either M. xanthus DK10547 or DK4521 taken from a fresh 1% CTTYE plate and inoculated into 25 ml 1% CTTYE in a 250-ml flask. Each culture flask was shaken overnight at 32°C and grown to a Klett measurement of approximately 100 to 200. Both strains were spun down and resuspended in MC7 buffer to a common concentration of 100 Klett units. The strains were then mixed at either a 1:1 or 1:5 ratio of DK10547 to DK4521. Approximately 10 7 cells from the mixtures were inoculated into the flow cell chambers in a volume of 0.75 ml by using a 1-ml syringe with a 25-gauge by 5/8-in. hypodermic needle. Continuous 1% CTM medium flow was turned on, at a rate of 3 ml/h, after inoculated cells were allowed to statically adhere to the coverslips for 2 h. Dense microbial mats were allowed to form for 3 days. The M. xanthus developmental program was initiated by a rapid exchange to the nutrient-deficient buffer MC7. Continuous buffer flow was carried out for 3 days post-nutritional shift, at 3 ml/h. Cultures were imaged at that time, using a Leica DMI 6000 widefield inverted fluorescence microscope with a PlanApo 100ϫ (total magnification) objective. GFP intensity was determined by ImageJ (22) , using three independent measurements of fruiting body fore-and background intensities for both ratios tested.
CLSM observation. Stainless steel four-chamber flow cells were mounted on a Zeiss 510 Meta CLSM (Carl Zeiss, Jena, Germany) motorized stage and visualized using a 20ϫ objective lens. The biofilm was scanned using a 488-nm argon laser with a 505-nm-band-pass filter. zstacks scanned from a single biofilm contained the same number of im-ages. The number of images was set to capture the thickest part of the biofilm. The z step for images in a z-stack was 1 m. Images were acquired by utilizing a pinhole setting of 1 airy unit and a scan average of 2. Detector gain (500 to 550 arbitrary units), amplifier offset (0 to 0.05 arbitrary unit), and laser intensity (10% to 25%) were all set to obtain adequately contrasted grayscale images based on the brightest region of the biofilm that was scanned.
Image analysis. Semiautomated image analysis was performed utilizing the programs Auto PHLIP-ML and PHLIP. Auto PHLIP-ML (http: //sourceforge.net/projects/auto-phlip-ml/) calculates an Otsu threshold for image stacks not biased by extraneous images (images not containing pixels of biological significance). Extraneous images are identified and removed based on their area coverage of biomass, as described by Merod et al. (23) . The percent area coverage value used for extraneous image removal (PACVEIR) identifying the substratum was set at 1%. The bulkmedium interface was defined by the limit of EPS and iteratively determined to be a PACVEIR of either 0% or 0.005%. PHLIP, version 0.7, a MatLab-based image analysis toolbox (http://sourceforge.net/projects /phlip/), was used to quantify architectural metrics for each z-stack. A second method, bioView3D, was also employed to qualitatively visualize and present the architectural structure of each z-stack (24) .
RESULTS
Biofilm growth and developmental shifts within flow cells. We monitored the growth and development of M. xanthus communities established in continuous-flow cells. Investigations with Pseudomonas species have recognized this culturing method as an excellent way to observe vegetative growth and the establishment of higher-order structures within a microbial community (25, 26) . Our initial trials were carried out to monitor homogeneous growth on a solid surface. Standard 1% CTTYE broth was used to bathe M. xanthus cells statically inoculated into the flow cell onto a plastic coverslip. After attachment, medium flow was turned on, and growth of DK10547 was monitored by CLSM. Vegetative growth was maintained with a high nutrient content for the duration of our observation, i.e., 3 days, producing a dense homogenous biofilm that was readily observable and consistent with previously published studies obtained using a similarly labeled pilA-gfp transcriptional fusion strain (Fig. 1A) (27) . z-stacks imaged during vegetative growth were analyzed and allowed us to calculate the cell depth in several locations within the biofilm. Using an estimate of 1 m as the cell diameter, we calculated a maximal cell depth of 50 cells. More importantly, the z-stack images could be used to generate three-dimensional (3D) images of the biofilm to examine biofilm architecture in more detail, using an open-software package called Bisque (24) . Using these 3D biofilm images, we observed a dense microbial mat but also the establishment of higher-order structures, such as cell aggregates or possible transient swarms (Fig. 1B) . These aggregates can be observed as bright fluorescent patches (Fig. 1A) and as "pebble-like" speckling under a light microscope (see Fig. 4 , top row).
After 4 to 5 days of vegetative growth under nutrient-replete conditions, the M. xanthus developmental program was initiated by the rapid exchange of nutrient-replete 1% CTTYE with nutrient-depleted MC7 buffer. Development was monitored over the following 4 days, and fruiting body formation was readily observable by both eye and CLSM (Fig. 1C) . CLSM images of an M. xanthus pilA-gfp fruiting body showed the characteristic halo effect observed by Lux et al., due to the loss of pilA expression within the myxospore (28) . This can be seen in more detail in the z-stack 3D image depicted in Fig. 1D . The 3D rendering of the fruiting body z-stack compared to the biofilm rendering illustrates a marked loss of the thick microbial mat, leaving behind a few peripheral rod cells surrounding the 4-day-old fruiting body structure (Fig. 1D) . The concave appearance of the 3D rendering of the fruiting body is due to the loss of fluorescence recorded by CLSM in the interior of the structure due to loss of expression of pilA-gfp and the degradation of GFP in late fruiting body development (24, 28) .
To demonstrate that the mature 4-day-old fruiting bodies were structurally similar to those previously observed, we stained the fruiting bodies with the fluorophore SPF, an alternative stain to calcofluor white (29) , which has been used to visualize EPS (30) . Observation of EPS deposition within the fruiting body by the use of SPF revealed uniform staining throughout the structure (see Fig. S3A and C in the supplemental material). This result paired with the results of differential interference contrast (DIC) microscopy (see Fig. S3B and D) demonstrates the presence of internal cellular structures and validates that fruiting bodies formed under these conditions are equivalent to those previously observed using standard conditions. Time course studies of biofilm growth and developmental shifts. One of the advantages of culturing biofilms within flow cells and observing them under CLSM is the ability to image M. xanthus strains in real time over a period of days or even weeks. This allows for the monitoring of dynamic changes to the same structure under constant environmental conditions without disrupting or consuming the sample. It also allows for the monitoring of how the biofilm is established from inoculation to the establishment of a dense biofilm. We imaged M. xanthus pilA-gfp biofilm growth and development after sudden nutrient deprivation over a period of 1 week (Fig. 2A) . The initial inoculum was allowed to adhere to the growth surface for 2 h, and then the vegetative time zero was imaged as the flow was turned on ( Fig.  2A , Veg 0 panel). Biofilm growth was monitored until a stable confluent culture was reached, at 60 h ( Fig. 2A, Veg 60 panel) . At that point, the MC7 buffer was rapidly exchanged to trigger the developmental life cycle. Aggregates and mounds were observed 24 h after buffer exchange, and at 48 h, a single mature fruiting body was imaged every day for two more days ( Fig. 2A , panels Dev 24 to Dev 96). Similarly, wild-type M. xanthus was monitored throughout the same time course by light microscopy (see Fig. S4 in the supplemental material) and was found to be roughly consistent in developmental timing to cells grown under submerged culture (31) and agar plate assay (28) conditions. Architectural metrics were observed and recorded for mature fruiting bodies over a 3-day period (Fig. 2B) . Briefly, GFP expression intensity was positionally determined for each image within the z-stack. These data were then averaged with the intensities for those images above and below to generate a quantitative representation of the fruiting body architecture. The fruiting body architecture detected in the flow cells was consistent with previously reported fruiting body structures grown under a variety of conditions, including submerged culture (31) and agar plate assay (28) conditions.
Fruiting body formation was also monitored to determine that the composition was in agreement with the hypothesis that development requires the interaction of tens of thousands of established cells to form complex aggregates (32) . This was accomplished within the flow cell by observing the growth and development of biofilms comprising the mixed populations of two differentially marked M. xanthus strains. By mixing the PpilAgfp transcriptional fusion strain with a nonfluorescent strain harboring the same antibiotic selection marker, we observed an even distribution of gfp expression within all observed fruiting bodies (see Fig. S5 in the supplemental material), which is indicative of M. xanthus's multicellular behavior (32) . Using two different ratios of cells, 1:1 and 1:5 (see Fig. S5 ), the fluorescence ratios for the fruiting bodies paralleled the ratios for input cells. Comparing the 1:1 and 1:5 ratios of gfp to non-gfp cells, we observed a GFP intensity difference of 6.39 Ϯ 3.87 when fluorescence was measured directly, demonstrating that cells behaved as expected within the flow cell apparatus.
Differential cell staining of EPS. The ability to visualize cellular architecture via CLSM extends not only to fluorescent epitopetagged strains but also to the use of cellular stains and markers. Much like the use of fluorescent tags, this can be done in real time, without fixation. This facilitates the use of multiple stains in order to discern colocalization. To examine this in M. xanthus, we established a confluent vegetative biofilm within the flow chamber, where the x and y axes are arbitrary coordinates relative to the imaged fruiting body and the z axis is the relative intensity.
as described above, and subsequently stained the biofilm with Syto60 in order to visualize individual cells (Fig. 3A) . EPS was stained with SPF, and the same frame was imaged in order to locate the deposition of EPS within the biofilm (Fig. 3B ). An overlay of the two images indicates a homogeneous confluent growth of the M. xanthus biofilm, with deposition of EPS in large patch-like regions beneath areas of what appear to be slightly denser M. xanthus concentrations (Fig. 3C) . The same EPS deposition pattern was observed previously by Hu et al., suggesting that EPS is produced and secreted beneath M. xanthus swarms (33) .
Nutrient titration to determine minimum concentration required for vegetative growth. In order to identify important nutrient sensors, we determined the minimum required nutrient concentration to maintain a vegetative lifestyle. For this reason, growth and development must be carried out in MOPS-based nutrient medium, as M. xanthus will not produce fruiting bodies under standard Tris-HCl-buffered medium conditions. To identify the nutrient concentration range that represents the boundary between the vegetative and developmental states, a nutrient titration was applied to a number of mature biofilms grown in parallel (Fig. 4) .
Using a strain containing gfp transcriptionally coupled to the devR gene as a reporter, we can readily identify strains that have undergone development by both light and fluorescence microscopy (18) . The biofilms under titration maintained a stable vegetative state even after a 250-fold reduction in the Casitone concentration (0.004%) from the concentration routinely used in standard vegetative growth (1%) (Fig. 4) . Even after 4 days at 0.004% Casitone, no expression was observed from the devR-gfp fusion, and no physical signs of development were evident. This implied that even under these low-nutrient conditions, development was not simply delayed, but the cells were still in a vegetative state. It was not until the nutrient concentration was dropped another 2-fold, to 0.002%, that the developmental program was observed to be initiated. Under these conditions, the entire sample had undergone development by producing readily observable fruiting bodies that also showed a marked increase in fluorescence compared to the other cultures in the titration (Fig. 4) . Within 24 h of the shift to 0.002% Casitone, fluorescence was detected from the devR-gfp transcriptional fusion, demonstrating that development was occurring in a manner temporally similar to that with standard starvation-inducing procedures (18) . Similar results were observed via light microscopy, using the wild-type DK1622 strain, in a parallel experiment (see Fig. S6 in the supplemental material). Finally, it should be noted that similar results could be obtained when the flow rate was changed at these low nutrient levels. We observed not only that we could initiate fruiting body development by decreasing the input nutrient concentration from 0.004% to 0.002% but also that, if the flow rate was decreased while at a Casitone concentration of 0.004%, we could also induce the developmental program (data not shown). This demonstrates that at low nutrient concentrations, our flow cell approach provides a variety of methods to manipulate the cells' perceived nutrient concentration.
DISCUSSION
The ability of M. xanthus to sense and respond to the environment is critical for the regulation of a number of key pathways leading toward adventurous and social motility, swarming, predation, and development. As with many pathways, but especially with development, understanding the mechanism by which the cell senses and responds to external stimuli can be a difficult task, one that has been ongoing for decades (34) . This is further complicated in development when the pathways are regulated by a nutrient sensor(s) in a culture environment that is rapidly changing due to the consumption of nutrients and the deposition of bacterial waste/metabolites. In order to identify these early developmental nutrient sensors, we proposed the use of flow cells to ensure a constant controllable growth environment. Flow cells provide a tractable environment for the study of M. xanthus. Until their employment in this study, the use of flow cells for the growth and maintenance of bacterial biofilms had yet to be applied to M. xanthus. Flow cells are versatile environments, allowing for the use of cellular and molecular techniques, as demonstrated by CLSM imaging. Live epitope tagging is readily observable within flow cells, as demonstrated with the pilA-gfp strain images ( Fig. 1 and 2 ). While not tested in this study, multiple fluorescent epitope tags should also be readily observable, allowing for colocalization/expression studies. The aggregation and mature fruiting body architectural structure observed in our experiments are reminiscent of a previous study by Lux et al. (28) and are consistent with more recent investigations using infrared optical coherence tomography (35) . Live macromolecular staining is also easily carried out within flow cells by simply injecting the stains to the desired concentration, followed by washing, as demonstrated in this study by staining for EPS (Fig. 3) . This result is directly comparable to the work done by Hu et al. (14) , as it was carried out under similar conditions (MOPS-buffered submerged vegetative culture) and with similar molecular stains (Syto9 and Alexa 633-wheat germ agglutinin).
Significance of the minimum nutrient concentration supporting vegetative growth. The use of flow cells provides a method of culturing M. xanthus that limits the possibility of unevenly exhausting the nutrients over time. This improvement over classic culturing methods, along with the ability to rapidly exchange medium without mechanically disturbing the culture, allowed us to identify the minimum nutrient concentration necessary for the maintenance of a vegetative biofilm. While this concentration has proven to be relative to the particular conditions used within our flow cells (data not shown), we can effectively control developmental responses not only via the nutrient concentration but also by the rate of nutrient replacement within the culture environment. Our ability to maintain a vegetative biofilm just above the developmental threshold (Fig. 4) will prove to be critical in our further studies of those sensors and early developmental triggers affected by the environmental nutrient concentration. The titration establishes a slow-growth steady state, which allows us to separate the expression of genes required for slow growth from that of genes required for the very earliest steps in the developmental program. In a way, this system allows us to increase the signal-to-noise ratio by establishing a vegetative steady state poised at the developmental nutrient threshold. The method developed here establishes the tools for investigation into the nutrient sensory systems as well as their dependent developmental pathways.
